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Nutrient loading is a major threat to estuaries and coastal environments worldwide, therefore, it is
critical that we have good monitoring tools to detect early signs of degradation in these ecologically
important and vulnerable ecosystems. Traditionally, bottom-dwelling macroinvertebrates have been
used for ecological health assessment but recent advances in environmental genomics mean we can now
characterize less visible forms of biodiversity, offering a more holistic view of the ecosystem and
potentially providing early warning signals of disturbance. We carried out a manipulative nutrient
enrichment experiment (0, 150 and 600 g N fertilizer m2) in two estuaries in New Zealand to assess the
effects of nutrient loading on benthic communities. After seven months of enrichment, environmental
DNA (eDNA) metabarcoding was used to examine the response of eukaryotic (18S rRNA), diatom only
(rbcL) and bacterial (16S rRNA) communities. Multivariate analyses demonstrated changes in eukaryotic,
diatom and bacterial communities in response to nutrient enrichment at both sites, despite differing
environmental conditions. These patterns aligned with changes in macrofaunal communities identiﬁed
using traditional morphological techniques, conﬁrming concordance between disturbance indicators
detected by eDNA and current monitoring approaches. Clear shifts in eukaryotic and bacterial indicator
taxa were seen in response to nutrient loading while changes in diatom only communities were more
subtle. Community changes were discernible between 0 and 150 g N m2 treatments, suggesting that
estuary health assessment tools could be developed to detect early signs of degradation. Increasing
variation in community structure associated with nutrient loading could also be used as an indicator of
stress or approaching tipping points. This work represents a ﬁrst step towards the development of
molecular-based estuary monitoring tools, which could provide a more holistic and standardized
approach to ecosystem health assessment with faster turn-around times and lower costs.
© 2020 Elsevier Ltd. All rights reserved.
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1. Introduction
Cumulative impacts from anthropogenic activities occurring on
land and in the ocean are resulting in a global loss of biodiversity,
ecosystem resilience and the ecosystem services upon which people rely (Barbier et al., 2011; IPBES, 2019; Lotze et al., 2006; Worm
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et al., 2006). Due to their proximity to multiple human pressures,
coastal zones are among the most impacted parts of the ocean
(Agardy et al., 2005). It is critical that we have good monitoring
tools to detect degradation in these ecologically important and
vulnerable ecosystems before a tipping point is reached. In an
attempt to halt degradation of our coastal and marine environments, several national and regional initiatives have been developed (e.g. Australia's Oceans Policy, Canada's Oceans Act and
Oceans Strategy, the USA's Oceans Act and Europe's Water Framework Directive and Marine Strategy Framework Directive, and
South Africa's National Water Act; Borja et al., 2008). These policies
generally require an assessment of ecological integrity or status

2

D.E. Clark et al. / Environmental Pollution 267 (2020) 115472

carried out at the ecosystem level, rather than relying on single
species or physical-chemical parameters alone.
Bottom-dwelling macroinvertebrate communities have long
been used for ecological health assessment because they respond
relatively rapidly to stress and integrate the effects of multiple
stressors over time. These attributes arise because macroinvertebrate communities are diverse, span multiple trophic levels,
are predominantly sedentary as adults and have species speciﬁc
sensitivities to stressors (Borja et al., 2000; Dauer, 1993; Gray et al.,
1979; Pearson and Rosenberg, 1978). While macrofaunal communities are a valuable indicator of ecosystem health, traditional visual
morphological identiﬁcation of these animals is time consuming,
relatively expensive and requires taxonomic expertise that is in
decline worldwide (Jones, 2008; Keeley et al., 2018). In addition,
inferring ecosystem health solely from the larger, visible portion of
communities neglects the contribution of meio- and microbial taxa
(e.g. bacteria, protists, microalgae, nematodes), which have been
shown to be extremely diverse and often more responsive to
environmental change (Bianchelli et al., 2016; Eiler et al., 2013;
Kemp and Aller, 2004; Kennedy and Jacoby, 1999; Li et al., 2018).
Communities of bacteria, microalgae, micro- and meio-eukaryotes
play an essential role in ecosystem structure and functioning (e.g.
carbon and nitrogen cycling, energy transfer to higher trophic
levels, sediment stabilization; Azam and Malfatti, 2007;
Schratzberger, 2018; Tolhurst et al., 2008). Inclusion of these
frequently overlooked communities could offer a more comprehensive view of the ecosystem, in keeping with requirements for
integrated assessments of health, provide early warning signals of
disturbance (because of their higher turnover) and help us to better
understand connections between biodiversity and ecosystem
functioning (Strong et al., 2015).
Recent advances in environmental genomics and the emergence
of high-throughput sequencing (HTS) technologies are changing
our ability to evaluate community composition, including characterization of invisible biodiversity. Using a technique known as
environmental DNA (eDNA) metabarcoding, species diversity can
be assessed at low taxonomic resolution from genetic fragments
contained in small amounts of sediment (Baird and Hajibabaei,
2012; Bourlat et al., 2013; Pawlowski et al., 2018). Organisms are
identiﬁed without taxonomic expertise by matching short, HTSderived gene fragments to a reference sequence library. Although
eDNA metabarcoding is rapidly expanding as a new approach to
biodiversity assessment and biomonitoring, much of our understanding of the suitability of eDNA metabarcoding for environmental monitoring has relied on correlative studies (e.g. Aylagas
et al., 2017; Keeley et al., 2018; Laroche et al., 2018; Montenegro
et al., 2020) or experimental research conducted in laboratory
settings (e.g. Chariton et al., 2014; Santi et al., 2019). Manipulative
ﬁeld studies are rarer (although see Birrer et al., 2019; Lawes et al.,
2017) but are required to prove cause and effect, characterize the
response of speciﬁc taxonomic groups to selected stressors, identify
potential indicator taxa for ecological status assessment and
demonstrate that these effects can be consistently detected over
and above natural environmental variability. Estuaries present a
particular challenge to using eDNA metabarcoding due to high
environmental variability and lack of genomic studies in these
habitats (Ruppert et al., 2019).
In this study, we carried out a manipulative ﬁeld experiment
and used eDNA metabarcoding to characterize changes in benthic
community structure in response to nutrient enrichment in two
estuaries. Nutrient loading is a major threat to estuaries worldwide
(CENR, 2000; NRC, 2000), with two-thirds of estuaries in the US
assessed to have moderate-high levels of eutrophication (Bricker
et al., 2008) and one-third of European estuaries affected by
nutrient enrichment (EEA, 2012). Using eDNA metabarcoding, we

characterized how eukaryotic, diatom and bacterial community
structure changed in response to nutrient loading to explore
whether these communities could be a sensitive indicator of
nutrient enrichment. Our experiment extends previous empirical
research on the response of eDNA-derived estuarine communities
to sediment nutrient enrichment (Birrer et al., 2018, 2019) by
moving into a new habitat (intertidal sandﬂats), exploring the
response of diatom communities in more detail and broadening the
scope of the research to test these responses under differing natural
conditions. To our knowledge, this study is the ﬁrst ﬁeld experiment providing empirical evidence that eDNA metabarcoding can
detect responses to nutrient enrichment across different trophic
levels of intertidal benthic biodiversity (bacteria and eukaryotes,
including diatoms) in two environmentally distinct estuarine systems and is thus an important contribution toward the development of molecular tools for ecosystem health assessment.
2. Material and methods
2.1. Field experiment
In April 2017, manipulative nutrient enrichment experiments
were set up on unvegetated mid-tide sandﬂats in two estuaries
located 25 km apart near Nelson, New Zealand (Fig. 1). The site in
Waimea Estuary (173 110 06.59 E, 41 170 33.36 S) was located close
to the estuary mouth on exposed sandﬂats while the site in Delaware Inlet (173 27’ 39.16 E, 41 090 50.42 S) was positioned in a
more sheltered area of the estuary. Catchments of both estuaries
were dominated by native and exotic forest but modelled mean
annual nitrate concentrations (Plew et al., 2015) were higher in
Waimea (49.7 mg m3) than Delaware (27.7 mg m3), likely a result
of the larger catchment size of Waimea (903 km2 vs 78 km2) and
slightly more intensive land use (more horticulture).
At each site, nine treatment plots arranged parallel to the
incoming tide were interspersed across the sandﬂat, at least 3 m
apart (Fig. 1). Plots were set up by measuring a 3  3 m area on the
surface of the sandﬂat and marking the corners of the plots with
stakes. Plots were exposed to the elements and no attempt was
made to control organism movement (e.g. with fences or cages),
replicating natural conditions where organisms could respond to
nutrient treatments depending on their preference and motility.
The plots were randomly assigned a nutrient treatment: control
(0 g N m2), medium (150 g N m2 fertilizer) and high (600 g N m2
fertilizer) enrichment (n ¼ 3 plots per treatment). To simulate
nutrient loading, we used Nutricote® slow release nitrogen (urea)
fertilizer (140e200 d, 40-0-0 N:P:K) injected uniformly into the
sediment at a depth of 15 cm following established methods
(Douglas et al., 2016). Fertilizer granules were added to the plots by
removing a sediment core (3 cm diameter x 15 cm depth), adding
the fertilizer and immediately replacing the plug to maintain
sediment structure. Cores were evenly spaced (20 cores m-2), with
more granules added per core to achieve higher nutrient loading.
This technique has been demonstrated to elevate surface (0e7 cm)
sediment pore water NHþ
4 concentrations equivalent to those
measured in enriched estuaries globally, with enrichment effects
undetectable 0.5 m beyond the plot boundary (Douglas et al., 2016,
2017; Gladstone-Gallagher et al., 2020; Thrush et al., 2017).
The plots were left undisturbed for the next seven months and
sampled in November 2017. From each plot we collected two
sediment samples (each consisting of ﬁve 2.6 cm diameter x
0e2 cm depth samples pooled) for grain-size, organic content,
chlorophyll a and phaeophytin analyses, one sediment sample for
pore water NHþ
4 analyses (four, 2.6 cm diameter, split into 0e2 cm
and 5e7 cm depth sections and pooled) and two cores (13 cm
diameter x 15 cm depth) for macrofauna community composition
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Fig. 1. a) Map of New Zealand showing the location of Waimea Estuary (square) and Delaware Inlet (circle), b) & c) location of the study site within each estuary, d) experimental
layout showing samples collected from each of the plots. (For interpretation of the references to colour in this ﬁgure legend, the reader is referred to the Web version of this article.)
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(Fig. 1). Chlorophyll a and phaeophytin concentrations were
measured as a proxy for microphytobenthic biomass. Five sediment
samples (1.5 cm diameter x 1.5 cm depth) were also randomly
collected from each plot for eDNA metabarcoding using separate
pairs of gloves and sterilized sampling vials. Field negatives for
eDNA analysis were collected and consisted of three empty sampling vials handled in the same way as samples but not ﬁlled with
sediment. Macrofaunal samples were sieved to 500 mm, preserved
in 70% isopropyl alcohol and later counted and identiﬁed to the
lowest possible taxonomic resolution (70% to species level). All
other samples were kept in the dark, transported on ice to the
laboratory and frozen (20  C) until further processing, except for
pore water, which was extracted immediately.
2.2. Analysis of environmental variables
Sediment grain-size was measured, after digestion in 10%
hydrogen peroxide, on a Malvern Mastersizer 3000 (particle size
range 0.01e3500 mm; Singer et al., 1988). Organic content was
determined by drying sediment to a constant weight (60  C) and
measuring weight loss on ignition of dry sediments (550  C for 4 h;
Parker, 1983). Chlorophyll a and phaeophytin were extracted from
sediment in 90% buffered acetone and measured ﬂuorometrically
before and after acidiﬁcation (Arar and Collins, 1997). Pore water
was extracted by centrifugation, ﬁltered (1.1 mm Whatman GC glass
ﬁbre ﬁlter), frozen (20  C) and analysed for NHþ
4 following the
methods in Douglas et al. (2016).
2.3. Environmental DNA extraction, ampliﬁcation, sequencing, and
bioinformatics
Each step of the molecular processing (i.e. DNA extraction, polymerase chain reaction (PCR) and metabarcoding library preparation) was carried out in a separate sterile laboratory dedicated to
that step with sequential workﬂow to ensure no crosscontamination. Each laboratory was treated with ultra-violet light
for at least 15 min before use and all working surfaces wiped with
5% bleach. The PCR set-up and template addition were undertaken
in laminar ﬂow cabinets. Filter pipet tips (Axygen® and Thermo
Fisher Scientiﬁc) were used throughout and gloves changed
frequently.
Environmental DNA sediment samples were homogenized via
bead beating (MiniG™ 1600) for 2 min. DNA was then extracted
from 2 g of sediment using the Qiagen DNeasy PowerSoil Kit,
following the manufacturer's protocol. The ﬁeld negative controls
were processed the same way and extraction controls were added
at the start of each new DNeasy PowerSoil Kit (n ¼ 2). The quantity
and quality of extracted DNA were measured using a NanoPhotometer (Implen). All extract products were stored frozen
(20  C) until further analysis.
Three gene markers were chosen to represent communities that
were expected to respond to nutrient enrichment, either directly or
indirectly (i.e. through changes in the macrofaunal communities
that consume them). Bacterial communities were represented by
short ca. 80e450 base-pair (bp) fragments of the nuclear 16S rRNA
gene (V3-4 region), eukaryotic communities (including diatoms)
were represented by the nuclear 18S rRNA gene (V4 region) and
diatom communities were further investigated using the ribulose1,5-bisphosphate carboxylase ⁄oxygenase large subunit (rbcL) gene
(Stoof-Leichsenring et al., 2012), which provides highly resolved,
complementary information to 18S (Kermarrec et al., 2013; Visco
et al., 2015; Supplementary Table S1). In this study, diatom communities assessed using the rbcL gene will be referred to separately
from the eukaryotic communities assessed using the 18S gene,
despite eukaryotic communities also containing diatom taxa.

Separate PCR analyses were performed on each eDNA sample for
each of the three gene markers. PCR ampliﬁcations were undertaken on an Eppendorf Mastercycler in a total reaction volume of
50 ml using MyFi™ Mix (Bioline) according to the mastermix recipe
and thermocycling conditions outlined in Supplementary Table S1.
One sample containing nuclease-free water (Ambion®) in place of
DNA template was used as a ‘no-template’ negative control. PCR
products were visualized on 1.5% agarose gels stained with RedSafe™ Nucleic Acid Staining Solution (Intron) to conﬁrm the presence of 16S, 18S and rbcL fragments. Puriﬁcation followed the
Agencourt™ AMPureXP protocol (Beckman Coulter) using magnetic beads with products quantiﬁed using a Qubit™ 2.0 Fluorometer (Invitrogen). Puriﬁed amplicons were diluted to 3 ng ul1
and sent to New Zealand Genomic Limited, University of Auckland,
for library preparation following a two-step tailed PCR amplicon
procedure using the Nextera XT kit and sequencing (Kozich et al.,
2013). The ﬁnal loading concentration of the library was 7 pM
with a 15% PhiX spike and paired-end sequences (2  250 bp:
MiSeq v2 reagents kit) were generated on a MiSeq instrument.
Sequence data were automatically demultiplexed using MiSeq Reporter (v2). Raw sequence reads were deposited in the NCBI short
read archive under the Project ID: PRJNA627491.
The same bioinformatics pipeline was applied for the bacterial,
eukaryotic and diatom datasets, except where explicitly stated.
Primers were removed using CUTADAPT (version 1.18; Martin,
2011) with a single mismatch allowed and reads were subsequently processed using the DADA2 package (version 1.16; Callahan
et al., 2016) within R software (version 3.6.1). Brieﬂy, quality control
of the reads was undertaken by truncating the reads (bacteria and
eukaryotes forward 230 bp, reverse 228 bp; diatoms forward and
reverse 110 bp), trimmed based on quality and ﬁltered with a
maxEE (maximum number of ‘expected errors’ allowed) of 2 for all
forward reads, 4 for bacterial reverse reads and 6 for eukaryotic and
diatom reverse reads. Reads were discarded if they did not match
these criteria. Sequence variants for the forward and reverse reads
were inferred using pseudo-pooling based on derived error proﬁles
(ﬁrst 108 bp in the dataset) after sequence dereplications. Using a
maximum mismatch of 1 bp and a required minimum overlap of 10
bp paired-end reads were merged, discarding any reads that did not
merge correctly. Chimeras were removed using the consensus
method in DADA2. The resulting chimera-checked, merged amplicon sequence variants (ASVs) were taxonomically assigned using
the DADA2 method, based on the rdp classiﬁer (Wang et al., 2007)
with a conﬁdence of 50, using three distinct sequencing referencing
databases. For bacteria (16S), the SILVA version 132 database
(Pruesse et al., 2007) was used as a reference. For eukaryotes
(including diatoms, 18S), the Protist Ribosomal Reference (PR2)
database (version 4.11.1; Guillou et al., 2012) was used. For diatoms
(rbcL), the reference sequences were downloaded from the National Center of Biotechnology Information (NCBI; Sayers et al.,
2018) and formatted for use with DADA2. The results were then
parsed into a table using the phyloseq package.
Detected contamination was negligible in negative controls,
with the total number of reads in each control <350, except for two
negative controls which had 1050-2410 reads for three ASVs (a
Oncholaimidae nematode and two Cylindrotheca diatoms). The
number of reads for each ASV found in negative controls was
subtracted across all other samples following the method described
in Bell et al. (2018). Non-target taxa were also removed from the
bacterial (eukaryotes, chloroplasts, and mitochondria) and
eukaryotic (mammals and Actinopterygii) samples. We retained
diatom taxa in the 18S eukaryotic community dataset. ASVs with a
total of <0.005% reads across all samples were removed from the
dataset. Rarefaction curves and the number of reads and ASVs
remaining in each sample are presented in Fig. S1 and Tables S2a
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and S2b of the Supplementary Material. As we were primarily
interested in community structure, we retained samples with
>5000 reads and converted the number of reads to proportional
abundance for the downstream statistical analyses.
2.4. Data analysis and statistics
Environmental data were averaged by plot and transformed, if
necessary, to meet assumptions of normality (square-root was used
for mud content; log was used for organic matter and porewater
concentrations). Two-way analysis of variances (ANOVAs) with
‘site’ and ‘treatment’ as ﬁxed factors were carried out in R (v 3.6.1)
to test whether sediment properties, microphytobenthic biomass
and pore water NHþ
4 varied signiﬁcantly between sites and
treatments.
Multivariate analyses were used to investigate whether
eukaryotic, diatom and bacterial community structure changed
across nutrient enrichment treatments. Bray-Curtis dissimilarity
matrices were calculated for each dataset using fourth root transformed eDNA proportional read abundance and the results were
plotted using Principal Coordinates Analysis (PCO). The PCO
revealed four outliers (two from the control treatment at Delaware,
one from the control treatment at Waimea and one from the high
treatment at Waimea) and further investigation showed these
samples had low DNA concentrations, numbers of ASVs or numbers
of reads. These samples were removed from all three eDNA community datasets (and subsequent analyses) and the PCO was re-run.
Two-way permutational ANOVAs (PERMANOVAs) with ‘site’ and
‘treatment’ as ﬁxed factors were used to test whether eDNAderived community structure varied with nutrient enrichment
and whether this response varied with site. Permutations of residuals under a reduced model was used, with 9999 permutations,
type III sum of squares and pairwise post-hoc tests to identify signiﬁcant differences between treatments. Differences between
treatments were visualized using Canonical Analysis of Principal
Coordinates (CAP; Anderson and Willis, 2003), with ‘treatment’ as a
factor and 9999 permutations. CAP allows a constrained ordination
to be carried out based on any dissimilarity measure and determines the PCO axes that are best at discriminating among a
priori groups. The appropriate number of axes (m) used in each CAP
model was chosen by the software, which maximizes a leave-oneout allocation success to groups (the proportion of samples allocated into their correct group using a leave-one-out procedure).
Allocation success was also used as a measure of the sensitivity of
each community at detecting nutrient enrichment effects. Allocation success was chosen in preference to canonical correlation for
determining model performance because canonical correlation,
and the separation between treatments on the CAP plots, increases
as the number of axes in the model increases, even if the predictive
capability of the underlying CAP model does not improve
(Anderson et al., 2008). Based on the highly signiﬁcant PERMANOVA site  treatment interaction for each community, CAP was
performed on each site separately. Tests of homogeneity of dispersions (PERMDISP), which were used to quantify the variability in
community structure between treatments, were also performed for
each site separately, using ‘treatment’ as a group factor, 9999 permutations and calculating distances to centroids. All multivariate
statistical analyses were carried out using PRIMER 7 (v 7.0.13) with
the PERMANOVA þ add-on (Anderson et al., 2008; Clarke and
Gorley, 2015).
At each site, eukaryotic (including diatoms), diatom and bacterial taxa indicative of each nutrient enrichment treatment were
identiﬁed using the indicspecies R package (version 1.7.8; De
Caceres, 2019), with Indicator Values (IndVal) measuring the
strength of the association between a taxon and a treatment. ASVs
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present in less than three samples were discarded, taxa were then
aggregated to genus-level and indicspecies was carried on proportional abundance read data using multipatt function with 9999
permutations and a signiﬁcance level of 0.05.
Fourth root transformed macrofaunal community abundance
data were plotted using PCO and CAP to see if patterns observed
using eDNA-derived communities generally aligned with those
resulting from traditional monitoring techniques. Results from
other analyses (i.e. PERMANOVA, CAP, PERMDISP, indicspecies)
carried out on macrofaunal abundance data can be found in the
Supplementary Material.
3. Results
The two-way ANOVAs showed that sediment properties varied
between sites but not between treatments, with Delaware Inlet
having a smaller median grain-size (df ¼ 1, F ¼ 234.99, p < 0.0001)
and higher proportion of mud (particles < 63 mm; df ¼ 1, F ¼ 184.5,
p < 0.0001), organic content (df ¼ 1, F ¼ 1048.0, p < 0.0001), chlorophyll a (df ¼ 1, F ¼ 13.1, p ¼ 0.0035) and phaeophytin (df ¼ 1,
F ¼ 45.5, p < 0.0001) content than Waimea (Table 1 and
Supplementary Table S3). The nitrogen fertilizer addition increased
surface (df ¼ 2, F ¼ 25.6, p < 0.0001) and deep (df ¼ 2, F ¼ 58.0,
p < 0.0001) pore water NHþ
4 concentrations in the medium and
high treatments and this did not vary with site (Table 1 and
Supplementary Table S3). Pore water NHþ
4 concentrations in the
medium treatment were 5e76 times greater than controls while
concentrations in the high treatment were 118e760 times higher
than controls (Table 1).
For all four communities (eukaryotes, diatoms, bacteria and
macrofauna), the greatest variance in community structure was
between sites rather than across treatments, with 30e75% of the
total variance explained along the ﬁrst PCO axis that separated the
two sites (Fig. 2). PERMANOVA tests showed there was a highly
signiﬁcant site  treatment interaction for each community type
(eukaryotes df ¼ 2, pseudo-F ¼ 2.38, p ¼ 0.0001; diatoms df ¼ 2,
pseudo-F ¼ 2.40, p ¼ 0.0001; bacteria df ¼ 2, pseudo-F ¼ 2.30,
p ¼ 0.0001; macrofauna df ¼ 2, pseudo-F ¼ 2.07, p ¼ 0.0040), which
meant the response to nutrient addition varied with site (Table S4).
Within-site post-hoc testing showed that there were signiﬁcant
differences (p < 0.05) in eukaryotic, diatom and bacterial community structure between all treatments, with the exception of
eukaryotic communities in the medium and high treatments at
Waimea (t ¼ 1.2, p ¼ 0.0684) and bacterial communities in the
control and medium treatments at Delaware (t ¼ 1.1, p ¼ 0.1600;
Supplementary Table S4).
The CAP ordinations (Fig. 2) provide a visual representation of
site-speciﬁc differences in community structure among nutrient
enrichment treatments. Correlations from CAP plots based on
eukaryotic, diatom and bacterial communities offer strong support
for signiﬁcant differences in community structure between treatments (canonical correlation ¼ 0.73e0.99, p ¼ 0.0001e0.0315;
Table 2). CAP models derived from these communities were able to
correctly allocate observations into the appropriate nutrient
enrichment treatment 61e83% of the time, which is considerably
better than the 33% success expected by chance if samples were
randomly allocated into three groups. Models derived from diatom
and bacterial communities performed best at Waimea (83% and
81% allocation success, respectively) followed by eukaryotic communities (71% allocation success). At Delaware, models based on
eukaryotic communities performed the best (81% allocation success) followed by diatoms and bacteria (67% and 61% allocation
success, respectively). The poorer performance of CAP models for
eukaryotic communities at Waimea and diatom and bacterial
communities at Delaware agree with the post-hoc PERMANOVA test
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Table 1
Sediment properties (average ± 1 standard deviation, n ¼ 6 except for pore water where n ¼ 3) in experimental plots at Waimea and Delaware seven months after addition of
slow-release nitrogen fertilizer (control: 0 g N m2; medium: 150 g N m2; high 600 g N m2). Full statistical results are presented in Table S3 of the Supplementary Material.
Variable

Waimea
Control

Delaware
Medium

High

Control

Medium

High

0.9 (0.5)
151.0 (1.6)
1.3 (0.1)

1.4 (0.9)
149.0 (2.3)
1.3 (0.1)

16.1 (4.7)
103.0 (8.8)
2.7 (0.3)

14.4 (2.4)
106.0 (5.9)
2.7 (0.2)

17.4 (5.2)
103.0 (9.3)
2.8 (0.3)

3.7 (0.9)
1.9 (1.0)

2.5 (0.4)
1.7 (0.2)

4.2 (0.6)
3.4 (0.8)

4.3 (0.5)
3.1 (0.3)

4.4 (1.2)
3.7 (0.6)

2190 (2439)
2900 (3816)

15,500 (14,240)
28,500 (19,918)

68.0 (16)
114 (44)

351 (188)
2080 (1137)

7980 (7104)
32,500 (21,982)

Sediment properties
0.4 (0.7)
Mud (% < 63 mm)a
151.0 (1.7)
Median grain-size (mm)a
Organic content (%)a
1.3 (0.0)
Microphytobenthic biomass (mg g1 sediment)
Chlorophyll aa
2.7 (0.6)
Phaeophytina
1.2 (0.2)
1
þ
Pore water NH4 (mmol N L )
b
Surface sediments (0e2 cm)
29 (28)
40 (14)
Deeper sediments (5e7 cm)b
a
b

Differed signiﬁcantly (p < 0.004) between sites (see Table S3).
Differed signiﬁcantly (p < 0.02) between treatments (see Table S3).

results described above and the marginally signiﬁcant differences
between bacterial communities in the medium and high treatments at Delaware (t ¼ 1.1, p ¼ 0.0448; Supplementary Table S4).
For example, the PERMANOVA test showed no signiﬁcant difference between bacterial communities in the control and medium
treatments at Delaware (t ¼ 1.1, p ¼ 0.1600) and the CAP model was
only able to correctly allocate samples into the control treatment
46% of the time. CAP ordinations based on macrofaunal communities showed the same patterns as those observed from ordinations of eDNA-derived communities (Fig. 2).
PERMDISP results showed that at Delaware, variability in bacterial and diatom community structure was similar across all
treatments (bacteria df ¼ 2, F ¼ 1.07, p ¼ 0.4388; diatom df ¼ 2,
F ¼ 1.86, p ¼ 0.1968, respectively) but greater variation in eukaryotic community structure was observed in the high treatment
compared to the control (t ¼ 3.0, p ¼ 0.0085) and medium (t ¼ 2.6,
p ¼ 0.0193) treatments, with the average Bray-Curtis distance-tocentroid 3% greater in the high treatments (Supplementary
Table S6). At Waimea, the high nutrient treatment was associated
with greater variation in community structure (eukaryotes df ¼ 2,
F ¼ 23.69, p ¼ 0.0001; diatoms df ¼ 2, F ¼ 20.54, p ¼ 0.0001; bacteria df ¼ 2, F ¼ 13.62, p ¼ 0.0001) across all three eDNA-derived
communities, with the average Bray-Curtis distance-to-centroid
8e16% greater than the controls and 3e8% greater than the medium treatment.
Indicator species analysis identiﬁed eukaryotic (n ¼ 31), diatom
(n ¼ 4) and bacterial (n ¼ 52) taxa signiﬁcantly (p < 0.05) associated
with different nutrient enrichment treatments. None of the
eukaryotic community indicator taxa were diatoms. Eukaryotic and
bacterial communities showed a clear shift in response to nutrient
loading with several indicator species only present in the medium
and high nutrient treatments or present in higher abundances than
the control treatments (Fig. 3). Eukaryotic and diatom indicator
taxa were site-speciﬁc for all treatments and no diatom taxa were
associated with high nutrient enrichment. Most bacterial indicator
taxa were also site-speciﬁc, except for Fusibacter and Soehngenia,
which were indicative of the medium-high treatment at Waimea
and the high treatment at Delaware. Twelve bacterial indicator taxa
associated with high nutrient enrichment were also shared between sites. Indicator values and abundances per treatment for
each of the indicator taxa are provided in the Supplementary Material (Table S7).

4. Discussion
In our manipulative experimental study, the nutrient addition

elevated sediment pore water NHþ
4 to levels found within eutrophic
estuaries globally (Douglas et al., 2016), with clear differences in
sediment pore water NHþ
4 observed as nutrient loading increased
across treatments, but not between sites. Sediment properties (i.e.
granulometry and organic content) were not altered by the nutrient
addition, therefore, responses in benthic communities can be
conﬁdently attributed to nutrient enrichment. Nutrient enrichment
is known to modify sediment and water chemistry leading to
changes in the composition, biomass and diversity of benthic
communities (NRC, 2000). Benthic communities (eukaryotes, diatoms, bacteria and macrofauna) at the two studied estuaries were
distinct from each other, most likely reﬂecting differing environmental conditions at each site. Regardless of the underlying differences in community structure, changes in these communities
were observed at both sites in response to nutrient enrichment,
demonstrating their potential use for ecosystem health assessment
in response to eutrophication pressure.
Before noticeable eutrophication-related structural changes
occur in macroinvertebrate assemblages, considerable shifts in the
composition of microbenthos are expected in affected habitats,
providing early signals of functional disturbance (Keeley et al.,
2018). Diatom only and bacterial communities showed the strongest response to nutrient enrichment at Waimea while eukaryotic
communities (including diatoms) were most sensitive to changes in
nutrient loads at Delaware. The differing sensitivities of these
communities to nutrient enrichment may reﬂect the differing
environmental conditions at each site and suggests the development of indicators may be context dependent. For example, as
nutrient loading at Waimea increased there was a reduction in
diazotrophic cyanobacteria (Cyanobacteriaceae in the Order Nostocales; Blais et al., 2012) and increase in Proteiniclasticum, which
has been found to be abundant in situations where nitrate reduction is high (Li et al., 2016). These changes may indicate that the
addition of fertilizer to the sandy sediments at Waimea altered
nitrogen acquisition pathways in bacterial communities (e.g. by
switching from nitrogen ﬁxation to assimilation) resulting in shifts
in bacterial community composition and a strong response to
enrichment. Conversely, bacterial communities in the naturally
enriched muddy sediments at Delaware may already possess the
ability to undertake these functional pathways, therefore, the
nutrient addition may have only adjusted their rates, without major
shifts in community composition. Further studies across a wider
range of sites is required to understand drivers of site-speciﬁc responses. Other studies have also shown diatom (Agatz et al., 1999;
€ m and
Kafouris et al., 2019; Tsikopoulou et al., 2020; Weckstro
Juggins, 2006), bacterial (Dowle et al., 2015; Keeley et al., 2018;
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Fig. 2. Principal coordinates analysis (PCO) plots of data from both sites (left-hand column) and canonical analysis of principal coordinates (CAP) plots of data from Waimea (middle
column) and Delaware (right-hand column). Each row displays plots from different communities; eukaryotes (including diatoms), diatom only, bacteria and macrofauna. Analyses
were based on Bray-Curtis dissimilarities of fourth root transformed eDNA proportional read abundance data or macrofaunal abundance data with nutrient enrichment treatment
used as a grouping factor for the CAP analyses. (For interpretation of the references to colour in this ﬁgure legend, the reader is referred to the Web version of this article.)
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Table 2
Summary of canonical analysis of principal coordinates (CAP) analyses carried out on fourth root transformed eDNA proportional read abundance data for eukaryotic (includes
diatoms), diatom only and bacterial communities at two sites. *Model performance is assessed using the allocation success, with higher values indicating better performance.
Details from the CAP analysis based on macrofaunal communities are presented in Table S5 of the Supplementary Material because a direct comparison with eDNA-derived
communities is not possible due to differing numbers of replicates.
Site

Waimea

Delaware

Community

Eukaryotes

Diatoms

Bacteria

Eukaryotes

Diatoms

Bacteria

Correlation
Canonical correlation
Total variation explained
Number of PCO axes (m)
p

0.98
0.97
99%
34
0.0040

0.99
0.99
96%
30
0.0001

0.85
0.73
70%
12
0.0001

0.92
0.85
63%
11
0.0001

0.87
0.75
63%
11
0.0006

0.95
0.89
78%
23
0.0315

Allocation success* (%)
Control
Medium
High

71.4
85.7
64.3
64.3

83.3
100
73.3
76.3

81.0
100
66.7
76.9

81.4
76.9
86.7
80.0

67.4
61.5
73.3
66.7

61.0
46.2
69.2
66.7

Fig. 3. Average abundance of indicator taxa for bacterial (a, b) and eukaryotic (c, d) communities (including diatoms) across three nutrient enrichment treatments (control, medium,
high) at sites in Waimea and Delaware estuaries. The nutrient enrichment treatment (or groups of treatments) that each taxon is associated with is indicated for each group
(C ¼ control, M ¼ medium, H ¼ high). An asterisk beside the name denotes indicator taxa shared by both sites. (For interpretation of the references to colour in this ﬁgure legend, the
reader is referred to the Web version of this article.)

Lawes et al., 2016, 2017; Santi et al., 2019; Stoeck et al., 2018) and
eukaryotic (Chariton et al., 2015; Santi et al., 2019) communities to
be sensitive indicators of enrichment, with diatom and bacterial
communities often responding more strongly than general eukaryotes (Birrer et al., 2018; Minerovic et al., 2020; Pochon et al.,
2019).
Clear shifts in eukaryotic and bacterial indicator taxa were seen
in response to nutrient loading but indicator taxa common to both
sites were restricted to bacterial communities. These shared bacterial taxa were almost completely absent from control treatments,
and often the medium treatments as well, suggesting that they
were favored once nutrients reached a certain level. Most shared
indicator taxa were from the Clostridiales group, which includes a
diverse range of species representing a variety of degradation
pathways (Wiegel et al., 2006). Some of these taxa, such as
ammonifying bacteria in the genus Tindallia (Kevbrin et al., 1998),
identiﬁed as an indicator species in this study, can be linked to the

degradation of organic matter, which is expected to increase with
nutrient addition due to the stimulation of primary and secondary
production. Accumulation of organic matter can lead to the formation of anaerobic sediments, which favor bacteria adapted to
these environments, such as the anerobic sulfur-reducing bacteria
Fusibacter (Fadhlaoui et al., 2015), which was also associated with
nutrient enrichment at both sites.
Many of the site-speciﬁc bacterial taxa associated with the high
nutrient treatment are known to play roles in the sulfur cycle,
including the anerobic sulphate-reducing bacteria Desulfuromonas,
Desulfoconvexum, Desulfotignum, Desulfuromusa and members of
Arcobacter and the Peptococcaceae and Rhodobacteraceae families
(Pujalte et al., 2014; Schink et al., 2002; Stackebrandt, 2014; Widdel
and Pfennig, 1992). Consistent with our study, sulphate-reducing
bacteria have been found to respond positively to organic carbon
and nitrogen in seagrass and mangrove sediments (Sun et al., 2015;
Zhu et al., 2018). Increased abundances of sulphate-reducing
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bacteria have also been reported from enriched sediments near ﬁsh
farms (Dowle et al., 2015; Kawahara et al., 2009; Keeley et al., 2018)
and changes in the gene expression of microbial nitrogen and sulfur
metabolisms were observed in response to excess organic enrichment in a manipulative ﬁeld experiment (Birrer et al., 2019).
For eukaryotes, unique indicator taxa were identiﬁed at each of
the sites and included taxa commonly associated with estuarine
sediments (e.g. dinoﬂagellates, nematodes, platyhelminths).
Eukaryotic taxa indicative of the high nutrient treatment were only
identiﬁed at Delaware, corresponding with the ﬁnding that
eukaryotic communities were the most responsive to changes in
nutrient loads at this site. These taxa included green algae (Chlamydomonas sp.) and aquatic fungi (Cryptomycota, Chytridiales,
Rhizophydiales) known to infect algae (e.g. diatoms, dinoﬂagellates, green algae). The increase in green algae in the high
nutrient treatment likely arises from nutrient loading fueling algal
metabolism (Stevenson, 2014) while the increase in parasitic fungi
may be indirectly linked to changes in the abundance of the aquatic
algae with whom they associate.
Only four indicator taxa (all site-speciﬁc) were identiﬁed for the
diatom only community at the genus level, suggesting that taxaspeciﬁc response of these communities to nutrient enrichment
was more subtle than that of eukaryotic and bacterial communities.
Diatom species within a genus may differ in their sensitivity to
nutrient enrichment (Hillebrand and Sommer, 1997) and other
environmental variables (An et al., 2018), therefore, indicator taxa
may not be revealed at the genus level. For example, the diatom
Melosira moniliformis was shown respond positively to in situ nitrogen enrichment in the Baltic Sea, but no response was observed
for the closely related species M. nummuloides (Hillebrand and
Sommer, 1997).
Our results suggest that bacterial communities, which had indicator taxa common to both sites, show the most promise for the
development of benthic health assessment tools. Other studies
have also shown bacterial communities to be relatively non-speciﬁc
to differences in water ﬂow regime, site and geographic region
(Frühe et al., 2020; Keeley et al., 2018), suggesting changes in these
communities may be temporally consistent and regionally transferable. For index development and validation, the scale of the
study will need to be expanded to ensure any patterns hold true
across wider spatial and temporal scales and identify drivers of
inconsistent responses. Despite the fact that nutrient enrichment
did not consistently select for particular indicator diatom and
eukaryotic taxa across study sites, their strong community-level
structural response to nutrient enrichment shows potential for
use in multivariate and multitrophic ecosystem health metrics.
Besides structural and compositional changes, response to
disturbance can be manifested through other benthic community
characteristics (e.g. species diversity, variation, or turnover rates).
In this study, for example, benthic community variation increased
with nutrient loading, supporting the idea that increased variability
can act as an indicator of stress in marine communities and proximity to tipping points (Brock and Carpenter, 2006; Guttal and
Jayaprakash, 2009; Litzow et al., 2008; Warwick and Clarke,
1993). At Delaware, this pattern was only detected in eukaryotic
communities while at Waimea, the trend was stronger and was
observed in all eDNA-derived communities (eukaryotes, diatoms,
and bacteria). Community metrics (species abundance, richness,
diversity, taxonomic distinctness) and ecosystem function responses (sediment oxygen consumption, ammonium ﬂux and gross
primary production) show greater variability in sandy sediments
than muddy sediments, with mud acting as a ceiling factor that
limits variability, possibly explaining the weaker response at
Delaware (Pratt et al., 2013; Thrush et al., 2003).
The response of eDNA-derived communities to enrichment
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aligned with results from traditional morphological identiﬁcation
of macrofauna, conﬁrming that eDNA can provide concordant, and
potentially better (Dafforn et al., 2014), information than that
collected using current monitoring approaches. Macrofaunal communities appeared to be less responsive to enrichment effects than
eDNA-derived communities, however, due to differences in the
scale of sampling (number of replicates, area sampled), comparisons of quantitative results between eDNA-derived and macrofaunal communities should be undertaken with caution. The poorer
response of macrofaunal communities could be a result of the fewer
replicates collected in this study, the lower taxonomic resolution
and limited range of taxa often associated with morphological
identiﬁcation, or the slower turnover rates of macrofauna
compared with bacteria and eukaryotes (e.g. bacteria turnover rate
is minutes to days; Luna et al., 2002). eDNA sample processing has
been estimated to be three times quicker and half the cost of
traditional monitoring (Aylagas et al., 2018), with effort and cost
decreasing as the number of samples increases. This allows more
samples to be collected for an equivalent cost, while providing
unprecedented volumes of biodiversity information, which can
increase the power to detect change (as in this study) or expand the
spatial or temporal scope of monitoring programs. Furthermore,
the wide range of taxa captured by metabarcording allows for
greater discrimination between ecosystem responses integrated
across different temporal scales, than a dataset constrained to only
macrofaunal responses.
Most ecological assessment methods can easily distinguish between unimpacted and impacted sites, however, it is more difﬁcult
to discriminate smaller relative differences between pristine
reference sites and moderately impacted sites (Chariton et al.,
2010). In our study, eDNA metabarcoding enabled eukaryotic,
diatom and bacterial communities to differentiate relatively subtle
changes between medium and high levels of nutrient enrichment.
The community shifts and identiﬁcation of eukaryotic and bacterial
indicator taxa associated with medium or medium-high levels of
nutrient enrichment suggests that eDNA-based biodiversity assessments could detect low-level nutrient enrichment before estuaries become too degraded. In this regard, bacteria show more
potential than eukaryotes because more indicator taxa indicative of
medium and medium-high nutrient enrichment were found for
this group. The ability for eDNA-derived communities to distinguish between two levels of nutrient enrichment has also been
demonstrated for bacterial bioﬁlms (Lawes et al., 2017) and
eukaryotic and bacterial plankton communities (Santi et al., 2019).
Detecting community change in response to low levels of impact is
a crucial step in the advancement of modern biomonitoring as it
would allow for implementation of management or remediation
strategies at an early stage, increasingly the effectiveness of these
actions (Birrer et al., 2017). The detectable response of eDNAderived communities to low levels of nutrient enrichment in the
ﬁeld demonstrated in this study, is an important step towards
developing genomic tools for ecosystem health assessment, but
further work across a wider range of conditions is required to
identify consistent patterns in community responses and indicator
taxa.
5. Conclusion
With rapid advancement of molecular technologies and
constantly reducing costs of genomic sample processing, there are
intensifying calls for applying omics information in environmental
risk assessment and management (Leung, 2018; Pawlowski et al.,
2018). However, despite efforts to integrate genomic tools into
monitoring programs (Aylagas et al., 2018; Bourlat et al., 2013;
Valentini et al., 2016) and the development of metabarcoding-

10

D.E. Clark et al. / Environmental Pollution 267 (2020) 115472

based indices (e.g. Aylagas et al., 2017; Borja, 2018; Keeley et al.,
2018), genomics-based monitoring of ecosystem health has yet to
be implemented by regulatory frameworks (Cordier et al., 2020). In
order to increase the pace of uptake and utilization of these
powerful technologies, coordinated efforts to stimulate the use of
omics and build up evidence from relevant case studies are
imperative. In this context, the current study provides valuable
insights into the applicability of eDNA-based biodiversity information for a more holistic and standardized approach to monitoring estuary health. eDNA-derived communities showed great
promise for the development of monitoring tools at our two study
sites but before such tools could be practically applied for
ecosystem health assessment, the scale of the study needs to be
expanded across wider and spatial and temporal scales to identify
consistent responses. In addition, these tools would need to be
tested in naturally enriched sediments to ensure responses are
reliable under true conditions. Future research could also examine
functional genes associated with nutrient processing (e.g. Birrer
et al., 2019; Fasching et al., 2019) and the structure of biotic interactions within ecological networks (Faust and Raes, 2012) to
better understand the processes shaping community responses.
Summary
An in-situ experiment demonstrated that eukaryotic, diatom
and bacterial communities show great promise for the development of molecular monitoring tools for estuary health assessment.
CRediT authorship contribution statement
D.E. Clark: Conceptualization, Methodology, Software, Formal
analysis, Investigation, Writing - original draft, Writing - review &
editing, Visualization, Project administration, Funding acquisition.
C.A. Pilditch: Conceptualization, Methodology, Resources, Writing
- review & editing, Supervision, Project administration, Funding
acquisition. J.K. Pearman: Software, Data curation, Writing - review & editing. J.I. Ellis: Writing - review & editing, Supervision. A.
Zaiko: Conceptualization, Methodology, Investigation, Writing review & editing, Supervision.
Declaration of competing interest
The authors declare that they have no known competing
ﬁnancial interests or personal relationships that could have
appeared to inﬂuence the work reported in this paper.
Acknowledgments
This research was supported by the New Zealand Sustainable
Seas National Science Challenge (Tipping Points Project), Nelson
City Council, the Cawthron Institute's Internal Investment Fund,
and the New Zealand Coastal Society. Special thanks to Rebecca
Gladstone-Gallagher, Anna Berthelsen, Shaun Bryant, Chris Cornelisen, Lisa Floerl, Simon Madill, Emma Newcombe, Holly Bennett,
Sorrel O’Connell-Milne, Yuriy Malakhov, Jamie McAuley and Lais
Miura for help in the ﬁeld and Laura Biessy for assistance with
laboratory work. We also thank Te Tau Ihu iwi for supporting our
research in these two estuaries. Gretchen Rasch provided
constructive comments on a draft version of the manuscript.
Appendix A. Supplementary data
Supplementary data to this article can be found online at
https://doi.org/10.1016/j.envpol.2020.115472.

References
Agardy, T., Alder, J., Dayton, P., Curran, S., Kitchingman, A., Wilson, M., Catenazzi, A.,
Restrepo, J., Birkeland, C., Blaber, S., Saifullah, S., Branch, G., Boersma, D.,
Nixon, S., Dugan, P., Davidson, N., Vorosmarty, C., 2005. Chapter 19: coastal
systems. In: Hassan, R., Scholes, R., Ash, N. (Eds.), Ecosystems and Human WellBeing: Current State and Trends: Findings of the Condition and Trends Working
Group. Millennium Ecosystem Assessment.
Agatz, M., Asmus, R.M., Deventer, B., 1999. Structural changes in the benthic diatom
community along a eutrophication gradient on a tidal ﬂat. Helgol. Mar. Res. 53,
92e101.
An, S.M., Choi, D.H., Lee, H., Lee, J., Noh, J.-H., 2018. Next-generation sequencing
reveals the diversity of benthic diatoms in tidal ﬂats. ALGAE 33, 167e180.
Anderson, M.J., Gorley, R.N., Clarke, K.R., 2008. PERMANOVAþ for PRIMER: Guide to
Software and Statistical Methods. PRIMER-E, Plymouth, UK, p. 214.
Anderson, M.J., Willis, T.J., 2003. Canonical analysis of principal coordinates: a
useful method of constrained ordination for ecology. Ecology 84, 511e525.
Arar, E., Collins, G., 1997. In Vitro Determination of Chlorophyll a and Phaeophytin in
a Marine and Freshwater Algae by Fluorescence. National Exposure Research
Laboratory. Environmental Protection Agency Cincinnati, U.S.

Aylagas, E., Borja, A.,
Muxika, I., Rodríguez-Ezpeleta, N., 2018. Adapting
metabarcoding-based benthic biomonitoring into routine marine ecological
status assessment networks. Ecol. Indicat. 95, 194e202.
 Tangherlini, M., Dell'Anno, A., Corinaldesi, C., Michell, C.T.,
Aylagas, E., Borja, A.,
Irigoien, X., Danovaro, R., Rodríguez-Ezpeleta, N., 2017. A bacterial communitybased index to assess the ecological status of estuarine and coastal environments. Mar. Pollut. Bull. 114, 679e688.
Azam, F., Malfatti, F., 2007. Microbial structuring of marine ecosystems. Nat. Rev.
Microbiol. 5, 782e791.
Baird, D.J., Hajibabaei, M., 2012. Biomonitoring 2.0: a new paradigm in ecosystem
assessment made possible by next-generation DNA sequencing. Mol. Ecol. 21,
2039e2044.
Barbier, E.B., Hacker, S.D., Kennedy, C., Koch, E.W., Stier, A.C., Silliman, B.R., 2011. The
value of estuarine and coastal ecosystem services. Ecol. Monogr. 81, 169e193.
Bell, K.L., Burgess, K.S., Botsch, J.C., Dobbs, E.K., Read, T.D., Brosi, B.J., 2018. Quantitative and qualitative assessment of pollen DNA metabarcoding using constructed species mixtures. Mol. Ecol. 28, 431e455.
Bianchelli, S., Pusceddu, A., Buschi, E., Danovaro, R., 2016. Trophic status and
meiofauna biodiversity in the Northern Adriatic Sea: insights for the assessment of good environmental status. Mar. Environ. Res. 113, 18e30.
Birrer, S.C., Dafforn, K.A., Johnston, E.L., 2017. Microbial community responses to
contaminants and the use of molecular techniques. In: Cravo-Laureau, C.,
Cagnon, C., Lauga, B., Duran, R. (Eds.), Microbial Ecotoxicology. Springer International Publishing, Cham, pp. 165e183.
Birrer, S.C., Dafforn, K.A., Simpson, S.L., Kelaher, B.P., Potts, J., Scanes, P.,
Johnston, E.L., 2018. Interactive effects of multiple stressors revealed by
sequencing total (DNA) and active (RNA) components of experimental sediment
microbial communities. Sci. Total Environ. 637e638, 1383e1394.
Birrer, S.C., Dafforn, K.A., Sun, M.Y., Williams, R.B.H., Potts, J., Scanes, P., Kelaher, B.P.,
Simpson, S.L., Kjelleberg, S., Swarup, S., Steinberg, P., Johnston, E.L., 2019. Using
meta-omics of contaminated sediments to monitor changes in pathways relevant to climate regulation. Environ. Microbiol. 21, 389e401.
 Jungblut, A.D., Gagnon, J., Martin, J., Thaler, M., Lovejoy, C.,
Blais, M., Tremblay, J.-E.,
2012. Nitrogen ﬁxation and identiﬁcation of potential diazotrophs in the Canadian Arctic. Global Biogeochem. Cycles 26.
Borja, A., 2018. Testing the efﬁciency of a bacterial community-based index
(microgAMBI) to assess distinct impact sources in six locations around the
world. Ecol. Indicat. 85, 594e602.
Borja, A., Bricker, S.B., Dauer, D.M., Demetriades, N.T., Ferreira, J.G., Forbes, A.T.,
Hutchings, P., Jia, X., Kenchington, R., Marques, J.C., Zhu, C., 2008. Overview of
integrative tools and methods in assessing ecological integrity in estuarine and
coastal systems worldwide. Mar. Pollut. Bull. 56, 1519e1537.
Borja, A., Franco, J., Perez, V., 2000. A marine biotic index to establish the ecological
quality of soft-bottom benthos within European estuarine and coastal environments. Mar. Pollut. Bull. 40, 1100e1114.
Bourlat, S.J., Borja, A., Gilbert, J., Taylor, M.I., Davies, N., Weisberg, S.B., Grifﬁth, J.F.,
€ ckner, F.O., Rodríguez-Ezpeleta, N., Faith, D.P.,
Lettieri, T., Field, D., Benzie, J., Glo
Bean, T.P., Obst, M., 2013. Genomics in marine monitoring: new opportunities
for assessing marine health status. Mar. Pollut. Bull. 74, 19e31.
Bricker, S.B., Longstaff, B., Dennison, W.C., Jones, A., Boicourt, K., Wicks, C.,
Woerner, J., 2008. Effects of nutrient enrichment in the nation's estuaries: a
decade of change. Harmful Algae 8, 21e32.
Brock, W., Carpenter, S., 2006. Variance as a leading indicator of regime shift in
ecosystem services. Ecol. Soc. 11.
Callahan, B.J., McMurdie, P.J., Rosen, M.J., Han, A.W., Johnson, A.J.A., Holmes, S.P.,
2016. DADA2: high-resolution sample inference from Illumina amplicon data.
Nat. Methods 13, 581e583.
CENR, 2000. Integrated Assessment of Hypoxia in the Northern Gulf of Mexico.
National Science and Technology Council Committee on Environment and
Natural Resources, Washington, DC, p. 58.
Chariton, A.A., Court, L.N., Hartley, D.M., Colloff, M.J., Hardy, C.M., 2010. Ecological
assessment of estuarine sediments by pyrosequencing eukaryotic ribosomal
DNA. Frontiers in Ecology and the Environment. 8 (5), 233e238. https://doi.org/
10.1890/090115.

D.E. Clark et al. / Environmental Pollution 267 (2020) 115472
Chariton, A.A., Ho, K.T., Proestou, D., Bik, H., Simpson, S.L., Portis, L.M.,
Cantwell, M.G., Baguley, J.G., Burgess, R.M., Pelletier, M.M., Perron, M.,
Gunsch, C., Matthews, R.A., 2014. A molecular-based approach for examining
responses of eukaryotes in microcosms to contaminant-spiked estuarine sediments. Environ. Toxicol. Chem. 33, 359e369.
Chariton, A.A., Stephenson, S., Morgan, M.J., Steven, A.D.L., Colloff, M.J., Court, L.N.,
Hardy, C.M., 2015. Metabarcoding of benthic eukaryote communities predicts
the ecological condition of estuaries. Environ. Pollut. 203, 165e174.
Clarke, K.R., Gorley, R.N., 2015. Getting Started with PRIMER V7. PRIMER-E, Plymouth, p. 18.
ez, L., Apotheloz-Perret-Gentil, L., Aylagas, E., Bohan, D.A.,
Cordier, T., Alonso Sa
Bouchez, A., Chariton, A., Creer, S., Fruhe, S., Keck, F., Keeley, K., Laroche, O.,
n, A., 2020. Ecosystems
Leese, F., Pochon, X., Stoeck, T., Pawlowski, J., Lanze
Monitoring Powered by Environmental Genomics: A Review of Current Strategies with an Implementation Roadmap. Preprints.
Dafforn, K.A., Baird, D.J., Chariton, A.A., Sun, M.Y., Brown, M.V., Simpson, S.L.,
Kelaher, B.P., Johnston, E.L., 2014. Faster, higher and stronger? The pros and cons
of molecular faunal data for assessing ecosystem condition. Adv. Ecol. Res. 51.
Dauer, D.M., 1993. Biological criteria, environmental health and estuarine macrobenthic community structure. Mar. Pollut. Bull. 26, 249e257.
De Caceres, M., 2019. How to Use the Indicspecies Package (Ver. 1.7.8).
Douglas, E.J., Pilditch, C.A., Hines, L.V., Kraan, C., Thrush, S.F., 2016. In situ soft
sediment nutrient enrichment: a uniﬁed approach to eutrophication ﬁeld experiments. Mar. Pollut. Bull. 111, 287e294.
Douglas, E.J., Pilditch, C.A., Kraan, C., Schipper, L.A., Lohrer, A.M., Thrush, S.F., 2017.
Macrofaunal functional diversity provides resilience to nutrient enrichment in
coastal sediments. Ecosystems 20, 1324e1336.
Dowle, E., Pochon, X., Keeley, N., Wood, S.A., 2015. Assessing the effects of salmon
farming seabed enrichment using bacterial community diversity and highthroughput sequencing. FEMS Microbiol. Ecol. 91, ﬁv089.
EEA, 2012. European Waters - Assessment of Status and Pressures. European
Environment Agency Report No. 8, Copenhagen.
Eiler, A., Drakare, S., Bertilsson, S., Pernthaler, J., Peura, S., Rofner, C., Simek, K.,
€m, E.S., 2013. Unveiling distribution patterns of
Yang, Y., Znachor, P., Lindstro
freshwater phytoplankton by a next generation sequencing based approach.
PloS One 8, e53516.
Fadhlaoui, K., Ben Hania, W., Postec, A., Fauque, G., Hamdi, M., Ollivier, B.,
Fardeau, M.-L., 2015. Fusibacter fontis sp. nov., a sulfur-reducing, anaerobic
bacterium isolated from a mesothermic Tunisian spring. Int. J. Syst. Evol.
Microbiol. 65, 3501e3506.
Fasching, C., Akotoye, C., Bi
zi
c, M., Fonvielle, J., Ionescu, D., Mathavarajah, S.,
Zoccarato, L., Walsh, D.A., Grossart, H.-P., Xenopoulos, M.A., 2019. Linking
stream microbial community functional genes to dissolved organic matter and
inorganic nutrients. Limnol. Oceanogr. 65, S71eS78.
Faust, K., Raes, J., 2012. Microbial interactions: from networks to models. Nat. Rev.
Microbiol. 10, 538e550.
Frühe, L., Cordier, T., Dully, V., Breiner, H.-W., Lentendu, G., Pawlowski, J., Martins, C.,
Wilding, T.A., Stoeck, T., 2020. Supervised machine learning is superior to indicator value inference in monitoring the environmental impacts of salmon
aquaculture using eDNA metabarcodes. Mol. Ecol. 1e19, 00.
Gladstone-Gallagher, R.V., Mangan, S., Thrush, S.F., Pilditch, C.A., 2020. Porewater
nutrient enrichment alters benthic-pelagic coupling on intertidal sandﬂats.
J. Sea Res. 101876.
Gray, J.S., Waldichuk, M., Newton, A.J., Berry, R.J., Holden, A.V., Pearson, T.H., 1979.
Pollution-induced changes in populations [and discussion]. Phil. Trans. Roy. Soc.
Lond. B Biol. Sci. 286, 545e561.
Guillou, L., Bachar, D., Audic, S., Bass, D., Berney, C., Bittner, L., 2012. The Protist
Ribosomal Reference database (PR2): a catalog of unicellular eukaryote small
sub-unit rRNA sequences with curated taxonomy. Nucleic Acids Res. 41,
D597eD604.
Guttal, V., Jayaprakash, C., 2009. Spatial variance and spatial skewness: leading
indicators of regime shifts in spatial ecological systems. Theor. Ecol. 2, 3e12.
Hillebrand, H., Sommer, U., 1997. Response of epilithic microphytobenthos of the
Western Baltic Sea to in situ experiments with nutrient enrichment. Mar. Ecol.
Prog. Ser. 160, 35e46.
IPBES, 2019. Chapter 2.2: status and trends - nature. In: Brondizio, E.S., Settele, J.,
Díaz, S., N H, T. (Eds.), Global Assessment Report on Biodiversity and Ecosystem
Services of the Intergovernmental Science-Policy Platform on Biodiversity and
Ecosystem Services. IPBES secretariat, Bonn, Germany.
Jones, F.C., 2008. Taxonomic sufﬁciency: the inﬂuence of taxonomic resolution on
freshwater bioassessments using benthic macroinvertebrates. Environ. Rev. 16,
45e69.
Kafouris, S., Smeti, E., Spatharis, S., Tsirtsis, G., Economou-Amilli, A., Danielidis, D.B.,
2019. Nitrogen as the main driver of benthic diatom composition and diversity
in oligotrophic coastal systems. Sci. Total Environ. 694, 133773.
Kawahara, N., Shigematsu, K., Miyadai, T., Kondo, R., 2009. Comparison of bacterial
communities in ﬁsh farm sediments along an organic enrichment gradient.
Aquaculture 287, 107e113.
Keeley, N., Wood, S.A., Pochon, X., 2018. Development and preliminary validation of
a multi-trophic metabarcoding biotic index for monitoring benthic organic
enrichment. Ecol. Indicat. 85, 1044e1057.
Kemp, P.F., Aller, J.Y., 2004. Estimating prokaryotic diversity: when are 16S rDNA
libraries large enough? Limnol Oceanogr. Methods 2, 114e125.
Kennedy, A.D., Jacoby, C.A., 1999. Biological indicators of marine environmental
health: meiofauna e A neglected benthic component? Environ. Monit. Assess.

11

54, 47e68.
Kermarrec, L., Franc, A., Rimet, F., Chaumeil, P., Humbert, J.F., Bouchez, A., 2013.
Next-generation sequencing to inventory taxonomic diversity in eukaryotic
communities: a test for freshwater diatoms. Mol. Ecol. Resour. 13, 607e619.
Kevbrin, V.V., Zhilina, T.N., Rainey, F.A., Zavarzin, G.A., 1998. Tindallia magadii gen.
Nov., sp. nov.: an alkaliphilic anaerobic ammoniﬁer from soda lake deposits.
Curr. Microbiol. 37, 94e100.
Kozich, J.J., Westcott, S.L., Baxter, N.T., Highlander, S.K., Schloss, P.D., 2013. Development of a dual-index sequencing Strategy and curation pipeline for analyzing
amplicon sequence data on the MiSeq illumina sequencing platform. Appl.
Environ. Microbiol. 79, 5112e5120.
Laroche, O., Wood, S.A., Tremblay, L.A., Ellis, J.I., Lear, G., Pochon, X., 2018. A crosstaxa study using environmental DNA/RNA metabarcoding to measure biological
impacts of offshore oil and gas drilling and production operations. Mar. Pollut.
Bull. 127, 97e107.
Lawes, J.C., Dafforn, K.A., Clark, G.F., Brown, M.V., Johnston, E.L., 2017. Multiple
stressors in sediments impact adjacent hard substrate habitats and across
biological domains. Sci. Total Environ. 592, 295e305.
Lawes, J.C., Neilan, B.A., Brown, M.V., Clark, G.F., Johnston, E.L., 2016. Elevated nutrients change bacterial community composition and connectivity: high
throughput sequencing of young marine bioﬁlms. Biofouling 32, 57e69.
Leung, K.M., 2018. Joining the dots between omics and environmental management. Integrated Environ. Assess. Manag. 14, 169e173.
Li, F., Peng, Y., Fang, W., Altermatt, F., Xie, Y., Yang, J., Zhang, X., 2018. Application of
environmental DNA metabarcoding for predicting anthropogenic pollution in
rivers. Environ. Sci. Technol. 52 (20), 11708e11719.
Li, X., Zhang, W., Liu, T., Chen, L., Chen, P., Li, F., 2016. Changes in the composition
and diversity of microbial communities during anaerobic nitrate reduction and
Fe(II) oxidation at circumneutral pH in paddy soil. Soil Biol. Biochem. 94, 70e79.
Litzow, M.A., Urban, J.D., Laurel, B.J., 2008. Increased spatial variance accompanies
reorganization of two continental shelf ecosystems. Ecol. Appl. 18, 1331e1337.
Lotze, H.K., Lenihan, H.S., Bourque, B.J., Bradbury, R.H., Cooke, R.G., Kay, M.C.,
Kidwell, S.M., Kirby, M.X., Peterson, C.H., Jackson, J.B.C., 2006. Depletion,
degradation, and recovery potential of estuaries and coastal seas. Science 312,
1806e1809.
Luna, G.M., Manini, E., Danovaro, R., 2002. Large fraction of dead and inactive
bacteria in coastal marine sediments: comparison of protocols for determination and ecological signiﬁcance. Appl. Environ. Microbiol. 68, 3509e3513.
Martin, M., 2011. Cutadapt removes adapter sequences from high-throughput
sequencing reads, 17, 3, 2011.
Minerovic, A.D., Potapova, M.G., Sales, C.M., Price, J.R., Enache, M.D., 2020. 18S-V9
DNA metabarcoding detects the effect of water-quality impairment on stream
bioﬁlm eukaryotic assemblages. Ecol. Indicat. 113, 106225.
Montenegro, D., Astudillo-García, C., Hickey, T., Lear, G., 2020. A non-invasive
method to monitor marine pollution from bacterial DNA present in ﬁsh skin
mucus. Environ. Pollut. 114438.
NRC, 2000. Clean Coastal Waters: Understanding and Reducing the Effects of
Nutrient Pollution. National Research Council. National Academy Press, Washington DC.
Parker, J.G., 1983. A comparison of methods used for the measurement of organic
matter in marine sediment. Chem. Ecol. 1, 201e209.
loz-Perret-Gentil, L., Beja, P.,
Pawlowski, J., Kelly-Quinn, M., Altermatt, F., Apothe
Boggero, A., Borja, A., Bouchez, A., Cordier, T., Domaizon, I., Feio, M., Filipe, A.,
Fornaroli, R., Wolfram, G., Herder, J., van der hoorn, B., Jones, J., SagovaMareckova, M., Moritz, C., Kahlert, M., 2018. The future of biotic indices in the
ecogenomic era: Integrating (e)DNA metabarcoding in biological assessment of
aquatic ecosystems.
Pearson, T.H., Rosenberg, R., 1978. Macrobenthic succession in relation to organic
enrichment and pollution in the marine environment. Oceanogr. Mar. Biol.
Annu. Rev. 16, 229e311.
Plew, D.R., Zeldis, J.R., Shankar, U., Elliot, S., 2015. CLUES Estuary - a Tool for Predicting Estuary Water Quality, Australasian Coasts and Ports Conference
(Auckland, New Zealand).
Pochon, X., Wood, S., Atalah, J., Laroche, O., Zaiko, A., Keeley, N., 2019. A Validated
Protocol for Benthic Monitoring of New Zealand's Salmon Farms Using Environmental DNA. Prepared for Seafood Innovation Ltd, New Zealand King
Salmon Company Ltd, Ministry for Primary Industries and Marlborough District
Council. Cawthron Report No. 3400, p. 51 plus appendices.
Pratt, D.R., Lohrer, A.M., Pilditch, C.A., Thrush, S.F., 2013. Changes in ecosystem
function across sedimentary gradients in estuaries. Ecosystems 1e13.
€ckner, F.O.,
Pruesse, E., Quast, C., Knittel, K., Fuchs, B.M., Ludwig, W., Peplies, J., Glo
2007. SILVA: a comprehensive online resource for quality checked and aligned
ribosomal RNA sequence data compatible with ARB. Nucleic Acids Res. 35,
7188e7196.
n, M.C., 2014. The family
Pujalte, M.J., Lucena, T., Ruvira, M.A., Arahal, D.R., Macia
Rhodobacteraceae. In: Rosenberg, E., DeLong, E.F., Lory, S., Stackebrandt, E.,
Thompson, F. (Eds.), The Prokaryotes: Alphaproteobacteria and Betaproteobacteria. Springer Berlin Heidelberg, Berlin, Heidelberg, pp. 439e512.
Ruppert, K.M., Kline, R.J., Rahman, M.S., 2019. Past, present, and future perspectives
of environmental DNA (eDNA) metabarcoding: a systematic review in methods,
monitoring, and applications of global eDNA. Glob. Ecol. Conserv. 17, e00547.
Santi, I., Tsiola, A., Dimitriou, P.D., Fodelianakis, S., Kasapidis, P., Papageorgiou, N.,
Daffonchio, D., Pitta, P., Karakassis, I., 2019. Prokaryotic and eukaryotic microbial community responses to N and P nutrient addition in oligotrophic Mediterranean coastal waters: novel insights from DNA metabarcoding and network

12

D.E. Clark et al. / Environmental Pollution 267 (2020) 115472

analysis. Mar. Environ. Res. 150, 104752.
Sayers, E.W., Agarwala, R., Bolton, E.E., Brister, J.R., Canese, K., Clark, K., Connor, R.,
Fiorini, N., Funk, K., Hefferon, T., Holmes, J.B., Kim, S., Kimchi, A., Kitts, P.A.,
Lathrop, S., Lu, Z., Madden, T.L., Marchler-Bauer, A., Phan, L., Schneider, V.A.,
Schoch, C.L., Pruitt, K.D., Ostell, J., 2018. Database resources of the national
center for Biotechnology information. Nucleic Acids Res. 47, D23eD28.
Schink, B., Thiemann, V., Laue, H., Friedrich, M.W., 2002. Desulfotignum phosphitoxidans sp. nov., a new marine sulfate reducer that oxidizes phosphite to
phosphate. Arch. Microbiol. 177, 381e391.
Schratzberger, M., 2018. Meiofauna matters: the roles of meiofauna in benthic
ecosystems. J. Exp. Mar. Biol. Ecol. 502, 12e25, 2018 v.2502.
Singer, J.K., Anderson, J.B., Lebdbetter, M.T., McCave, I.N., Jones, K.P.N., Wright, R.,
1988. An assessment of analytical techniques for the size analysis of ﬁnegrained sediments. J. Sediment. Petrol. 58, 534e543.
Stackebrandt, E., 2014. The emended family Peptococcaceae and description of the
families desulﬁtobacteriaceae, desulfotomaculaceae, and thermincolaceae. In:
Rosenberg, E., DeLong, E.F., Lory, S., Stackebrandt, E., Thompson, F. (Eds.), The
Prokaryotes: Firmicutes and Tenericutes. Springer Berlin Heidelberg, Berlin,
Heidelberg, pp. 285e290.
Stevenson, J., 2014. Ecological assessments with algae: a review and synthesis.
J. Phycol. 50, 437e461.
Stoeck, T., Frühe, L., Forster, D., Cordier, T., Martins, C.I.M., Pawlowski, J., 2018.
Environmental DNA metabarcoding of benthic bacterial communities indicates
the benthic footprint of salmon aquaculture. Mar. Pollut. Bull. 127, 139e149.
Stoof-Leichsenring, K.R., Epp, L.S., Trauth, M.H., Tiedemann, R., 2012. Hidden diversity in diatoms of Kenyan Lake Naivasha: a genetic approach detects temporal variation, 21, 1918e1930.
Strong, J.A., Andonegi, E., Bizsel, K.C., Danovaro, R., Elliott, M., Franco, A., Garces, E.,
s, A.M.,
Little, S., Mazik, K., Moncheva, S., Papadopoulou, N., Patrício, J., Queiro
Smith, C., Stefanova, K., Solaun, O., 2015. Marine biodiversity and ecosystem
function relationships: the potential for practical monitoring applications.
Estuar. Coast Shelf Sci. 161, 46e64.
Sun, F., Zhang, X., Zhang, Q., Liu, F., Zhang, J., Gong, J., 2015. Seagrass (zostera
marina) colonization promotes the accumulation of diazotrophic bacteria and
alters the relative abundances of speciﬁc bacterial lineages involved in benthic
carbon and sulfur cycling. Appl. Environ. Microbiol. 81, 6901e6914.
Thrush, S.F., Hewitt, J.E., Kraan, C., Lohrer, A.M., Pilditch, C.A., Douglas, E., 2017.
Changes in the location of biodiversityeecosystem function hot spots across the
seaﬂoor landscape with increasing sediment nutrient loading. Proc. Biol. Sci.
284.
Thrush, S.F., Hewitt, J.E., Norkko, A., Nicholls, P.E., Funnell, G.A., Ellis, J.I., 2003.

Habitat change in estuaries: predicting broad-scale responses of intertidal
macrofauna to sediment mud content. Mar. Ecol. Prog. Ser. 263, 101e112.
Tolhurst, T., Consalvey, M.C., Paterson, D., 2008. Changes in cohesive sediment
properties associated with the growth of a diatom bioﬁlm. Hydrobiologia 596,
225e239.
Tsikopoulou, I., Santi, I., Dimitriou, P.D., Papageorgiou, N., Pitta, P., Karakassis, I.,
2020. Response of microphytobenthos and benthic bacteria viability to eutrophication in a benthicepelagic coupling mesocosm experiment. Front. Mar. Sci.
7.
Valentini, A., Taberlet, P., Miaud, C., Civade, R., Herder, J., Thomsen, P.F., Bellemain, E.,
Besnard, A., Coissac, E., Boyer, F., Gaboriaud, C., Jean, P., Poulet, N., Roset, N.,
Copp, G.H., Geniez, P., Pont, D., Argillier, C., Baudoin, J.-M., Peroux, T.,
Crivelli, A.J., Olivier, A., Acqueberge, M., Le Brun, M., Møller, P.R., Willerslev, E.,
Dejean, T., 2016. Next-generation monitoring of aquatic biodiversity using
environmental DNA metabarcoding. Mol. Ecol. 25, 929e942.
loz-Perret-Gentil, L., Cordonier, A., Esling, P., Pillet, L.,
Visco, J.A., Apothe
Pawlowski, J., 2015. Environmental monitoring: inferring the diatom index from
next-generation sequencing data. Environ. Sci. Technol. 49, 7597e7605.
Wang, Q., Garrity, G.M., Tiedje, J.M., Cole, J.R., 2007. Naïve bayesian classiﬁer for
rapid assignment of rRNA sequences into the new bacterial taxonomy. Appl.
Environ. Microbiol. 73, 5261e5267.
Warwick, R.M., Clarke, K.R., 1993. Increased variability as a symptom of stress in
marine communities. J. Exp. Mar. Biol. Ecol. 172, 215e226.
€ m, K., Juggins, S., 2006. Coastal diatomeenvironment relationships from
Weckstro
the Gulf of Finland, Baltic sea. J. Phycol. 42, 21e35.
Widdel, F., Pfennig, N., 1992. The genus Desulfuromonas and other gram-negative
sulfur-reducing eubacteria. In: Balows, A., Trüper, H.G., Dworkin, M.,
Harder, W., Schleifer, K.-H. (Eds.), The Prokaryotes: A Handbook on the Biology
of Bacteria: Ecophysiology, Isolation, Identiﬁcation, Applications. Springer New
York, New York, NY, pp. 3379e3389.
Wiegel, J., Tanner, R., Rainey, F.A., 2006. An introduction to the family clostridiaceae.
In: Dworkin, M., Falkow, S., Rosenberg, E., Schleifer, K.-H., Stackebrandt, E.
(Eds.), The Prokaryotes: Volume 4: Bacteria: Firmicutes, Cyanobacteria. Springer
US, New York, NY, p. 654.
Worm, B., Barbier, E.B., Beaumont, N., Duffy, J.E., Folke, C., Halpern, B.S.,
Jackson, J.B.C., Lotze, H.K., Micheli, F., Palumbi, S.R., Sala, E., Selkoe, K.A.,
Stachowicz, J.J., Watson, R., 2006. Impacts of biodiversity loss on ocean
ecosystem services. Science 314, 787e790.
Zhu, P., Wang, Y., Shi, T., Zhang, X., Huang, G., Gong, J., 2018. Intertidal zonation
affects diversity and functional potentials of bacteria in surface sediments: a
case study of the Golden Bay mangrove, China. Appl. Soil Ecol. 130, 159e168.

